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Slow polymer diffusion on brush-patterned surfaces in aqueous 
solution 
Christopher G. Clarkson,a Alexander Johnson,b Graham J. Leggett,b and Mark Geoghegana* 
A model system for the investigation of diffusional transport in compartmentalized nanosystems is described. Arrays of 
 “ĐŽƌƌĂůƐ ?ĞŶĐůŽƐĞĚǁŝƚŚŝŶƉŽůǇ ?ŽůŝŐŽ ?ĞƚŚǇůĞŶĞŐůǇĐŽů ?ŵĞƚŚǇůĞƚŚĞƌŵĞƚŚĂĐƌǇůĂƚĞ ?  ?WK'D ? ?ǁĂůůƐ ?ǁĞƌĞĨĂďƌŝĐĂƚĞĚƵƐŝŶŐ
double-exposure interferometric lithography to deprotect aminosilane films protected by a nitrophenyl group. In exposed 
regions, removal of the nitrophenyl group enabled attachment of an initiator for the atom-transfer radical polymerization 
of end-grafted POEGMA (brushes). Diffusion coefficients for poly(ethylene glycol) in these corrals were obtained by 
fluorescence correlation spectroscopy. Two modes of surface diffusion were observed: one which is similar to diffusion on 
the unpatterned surface and a very slow mode of surface diffusion that becomes increasingly important as confinement 
increases. Diffusion within the POEGMA brushes does not significantly contribute to the results.
Introduction 
The two-dimensional diffusion of polymers in confined 
environments is of considerable current interest, given recent 
advances in measurement.1, 2 The diffusion coefficients of 
polymers on uniform substrates exhibit different scaling laws 
with molar mass,3, 4  raising new theoretical questions that are 
being addressed by computer simulations.5, 6  Later work 
addressed gradient,7 topographically-patterned,8 and polymer-
coated surfaces.9 Additional aspects of polymer diffusion 
included  “ĐƌŽǁĚĞĚ ? ĞŶǀŝƌŽŶŵĞŶƚƐ ? ǁŚĞƌĞ ŽƚŚĞƌ ƉŽůǇŵĞƌƐ
impede surface motion.10, 11 Although crowded environments 
have substantial biological importance,12, 13 the surface 
diffusion of biological macromolecules is also coupled to further 
confinement. 
Compartmentalization is fundamental to the function of 
biological systems14 and influences rates of diffusional 
transport.15 For example, there is growing understanding of the 
role of crowding in controlling the kinetics of intracellular 
reactions.16 Cell membrane function in particular involves a 
large number of efficient processes reliant on molecular 
diffusion.17, 18 It has been suggested that the partitioning of the 
cell membrane enables a reliable control of diffusion.19 In 
particular, the membrane-skeleton-fence and transmembrane-
protein-picket (TPP) models describe how the proximity of the 
cell cytoskeleton to the membrane acts as a barrier to 
diffusion.20-22 The barriers formed in the cell membrane serve 
to confine proteins and phospholipids to specific regions of the 
cell membrane for significant periods of time.19 
In 1975, Saffman and Delbrück described the membrane as a 
thin layer of viscous fluid that is surrounded by a bulk liquid with 
very low viscosity.23 Their model made it possible to use 
diffusion coefficients to infer the size of nanoscale objects like 
proteins. Later extensions allowed for the description of objects 
with any size,24 and made possible the incorporation of micron-
scale objects like domains of lipids. The Saffman-Delbrück (SD) 
model, also known as the 2D continuum-fluid model, treated 
the cell membrane as roughly homogeneous. 
It was later observed that the behaviour of lipids in the 
membrane could not be caused by thermally induced Brownian 
motion as was predicted using the SD model.22 Here, the lipid, 
1,2-ɲ-dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE) 
experienced short term confinement followed by a long-term 
hopping between these areas of confinement. This process was 
referred to as hop diffusion. Within the compartment itself, 
diffusion of DOPE is comparable to that observed in liposomes. 
Further experiments have shown that this hop diffusion is a 
general behaviour.20, 25-27 
The theory proposed to explain hop diffusion in the cell 
membrane was that the membrane skeleton acted in some way 
to partition the membrane. It is known from single molecule 
tracking that polymers on uniform surfaces in the presence of 
other polymers can exhibit rapid motion alternating with longer 
waiting times.10 It is therefore useful to consider the movement 
of polymers confined to compartments but without the 
impediments caused by crowding. 
The use of grafted polymers to delimit compartments is of 
considerable utility because of the ready control of geometrical 
and chemical parameters. These may be prepared using the 
self-assembly of microphase-separated block copolymers in a 
bottom-up approach,28 or by lithography-based techniques.29 It 
has been shown elsewhere that micrometre-scale arrays of  
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end-grafted ƉŽůǇŵĞƌ “corrals ? may be filled with supported lipid 
bilayers, or by polymer brush cushions that support lipid 
bilayers containing integral membrane proteins.29, 30 This 
therefore seems to be a promising approach for investigating 
diffusion in confined systems, provided adequately small corrals 
can be produced. Approaches based on interferometric 
lithography (IL) are here shown to be appropriate for this 
problem. 
Fluorescence correlation spectroscopy (FCS) is widely used for 
measuring diffusion coefficients, because it allows access to a 
broad range of time scales,31-35 and can be operated on samples 
with complex microscale environments such as inside living 
cells.1, 33, 36, 37 FCS uses a confocal experimental setup to achieve 
high spatial and temporal resolution. Unlike confocal 
microscopy, FCS requires a relatively low fluorophore 
concentration. This is because FCS is sensitive to fluctuations in 
fluorescence intensity and therefore depends upon few dye 
labels diffusing through the confocal volume for analysis. In 
general, the concentration of fluorescently tagged molecules 
ƐŚŽƵůĚ ďĞŽĨ ƚŚĞŽƌĚĞƌŽĨ  ? ? ʅŵŽů ŵ ?3, such that there is on 
average only one dye label within the detection volume at any 
given time. FCS has been established as an ideal tool for 
examining the diffusion of PEG on surfaces,3, 7, 11, 38, 39 meaning 
that any deviations from normal behaviour will be clearly 
observed. 
 
Fig. 1. C1s XPS spectrum for POEGMA contains three components in the peak envelope 
corresponding to the C ?C/C ?H (285.0 eV), C ?O (286.4 eV) and COOR (288.8 eV) carbon 
atoms 
Considerable research has been undertaken over many years to 
assess the impact that barriers have upon diffusion.40-43  FCS can 
also be used to determine whether the cell membrane is 
formed of a meshwork or isolated microdomain structure:44, 45 
a methodology that has been applied in the current work 
Here, a patterned polymer surface was used as an analogue of 
the structure of the cell membrane. The surface was partitioned 
into corrals where the only restriction on diffusion was the 
surface itself. The corrals were separated by a barrier of grafted 
polymers (brushes) created using IL, which hindered the surface 
diffusion. Because proteins interact non-specifically with a wide 
range of materials,46-48 it is possible to simplify the problem 
further and replace them with poly(ethylene glycol) (PEG) as the 
molecule that diffuses on the surface. PEG is known to be inert 
in comparison to the biological molecules that are within the 
cell membrane. In fact, because PEG does not interact strongly 
with biological molecules,49-52 it is often used as a coating to 
prevent proteins fouling surfaces. 
To determine the effect of the barrier it is important that it be 
constructed so that it only behaves as a physical barrier, rather 
than producing a more complex interaction based on statics or 
strong nonpolar interactions. A simple solution is to use a 
barrier made of the very molecule that is diffusing. By tethering 
PEG to a substrate, a barrier can be constructed, with the PEG 
forming a polymer brush. To impart a dense barrier, the brush 
was made using poly[oligo(ethylene glycol)methyl ether 
methacrylate] (POEGMA). This polymer can be roughly treated 
as a methacrylate backbone surrounded by dense PEG chains. 
Experimental 
Growth of poly[oligo(ethylene glycol) methyl ether methacrylate) 
brushes 
Materials. (3-aminopropyl)triethoxysilane (APTES) (99%), 
adipoyl chloride (98%) and glutaraldehyde (25% solution in H2O) 
were supplied by Sigma-Aldrich (Poole UK). Ethanolamine was 
supplied by Riedel-de Haën. Sulfuric acid (1.83 S.G. 95+%), 
ammonium hydroxide solution (35%), hydrogen peroxide 
solution (30%) and ethanol (HPLC grade 99.8+%) were supplied 
by Fisher Scientific. Cover slips (22 mm × 64 mm and 22 mm × 26 
mm, thickness 1.5 mm) were supplied by Menzel-Gläser. 
Oligo(ethylene glycol)methyl ether methacrylate (OEGMA, Mn = 
475 g/mol), 2,2-bipyridyl (> 99%), copper(I) bromide (99%), 
copper(II) bromide (99%) were purchased from Sigma-Aldrich. 
2-methacryloyloxy ethyl phosphorylcholine (MPC) was 
purchased from Lipidure. 2-nitrophenylpropyloxycarbonyl-
protected (3-aminopropyl)triethoxysilane (NPPOC-APTES) was 
synthesised following a previously published method.53 
Silane layer formation. To clean the glassware and substrates prior 
to the deposition of a silane layer, they were sonicated in a solution 
of sodium dodecyl sulfate (SDS) in water for 10 min and then rinsed 
with de-ionized (DI) water. The glassware and substrates were then 
immersed in piranha solution, a mixture of 30% hydrogen peroxide 
and 70% sulfuric acid, for 20-30 min before being rinsed and 
sonicated in DI water. (Considerable care was taken here because 
piranha solution can spontaneously detonate upon contact with 
organic material.) The substrates for silane layer formation were 
further cleaned in an RCA solution, which is a 5:1:1 mixture of 
H2O:NH4OH:H2O2, and heated to 80°C for 20 min before being rinsed 
thoroughly with DI water. To ensure the substrates and glassware 
were dry before use, they were placed in an oven at 120°C overnight. 
Films of APTES were prepared by immersing clean silicon or 
glass slides into a 1% (v/v) APTES solution in toluene for 30 min. 
After the formation of the monolayers, the slides were removed 
from solution, washed with toluene and ethanol and annealed 
in a vacuum oven at 120°C for 30 min. The monolayer films were 
then placed in a solution of 2.5 ml of dichloromethane (DCM), 
10 L of triethylamine (TEA) and 3.5 L of -bromoisobutyryl 
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bromide (BiBB). The slides were left to react for 20-30 min and 
then rinsed with ethanol and DCM before being dried under a 
stream of nitrogen. 
 
Fig. 2. (a) Schematic diagram of a >ůŽǇĚ ?Ɛ ŵŝƌƌŽƌ ŝŶƚĞƌĨĞƌŽŵĞƚĞƌ  ?ůĞĨƚ ? ? ǆĞĐƵƚŝŽŶ ŽĨĂ
second exposure after rotation of the sample through an angle I enables the fabrication 
of a grid pattern of exposure (right). (b) After exposure of NPPOC-APTES films, initiator 
is attached to exposed regions to enable spatially selected growth of polymer brushes 
Surface-initiated ATRP reaction. In a round-bottom flask a mixture 
of 16 mL of DI water and 16.35 g of OEGMA was degassed with 
nitrogen for 30 min. To this solution 248 mg (1.58 mmol) of 
bipyridine (bipy), 80 mg (0.559 mmol) of Cu(I)Br, and 38 mg (0.17 
mmol) of Cu(II)Br2 were added. The solution was degassed for 5 min 
more and sonicated to dissolve any remaining solids. Slides of BIBB-
APTES were then placed in a Schlenk tube, degassed and placed 
under nitrogen. The polymerization solution was carefully 
added to the Schlenk tubes to begin the atom-transfer radical 
polymerization (ATRP) process and left for 5-30 min depending 
on the brush height that was required. Once the polymerization 
step was complete the slides were removed and rinsed with 
methanol and sonicated in a 1:1 mixture of acetone and water 
before being dried under a stream of nitrogen. 
Characterization of POEGMA brushes. The BIBB derivatized films, 
act as the ATRP initiator layer. Contact angle measurements were 
performed before and after the derivatization. The contact angle 
rose from 45° on the amine terminated surface to 69° when the BIBB 
group was present. This is in agreement with previous results.54 The 
POEGMA brush, however, was completely hydrophilic and 
readily absorbed water. 
X-ray Photoelectron Spectroscopy (XPS) was used to 
characterize the different surfaces. XPS was performed using a 
Kratos Axis Ultra spectrometer (Kratos Analytical, Manchester, 
UK) with a monochromatized Al KD X-ray source operating at 
150 W with an emission current of 8 mA and a pressure in the 
analysis chamber of between 10 ?8 to 10 ?10 mbar. Electron 
energy analyser pass energies of 160 eV and 20 eV were used to 
acquire survey (wide) scans and high-resolution spectra, 
respectively. The samples were prepared with approximate 
dimensions of 5 u 5 mm2 and then rinsed with ethanol and dried 
under dry N2 before analysis. High-resolution peaks were fitted 
and processed using CasaXPS software (Casa Software Ltd, 
Teignmouth, UK). In the XPS spectrum a Br 3d peak was 
observed at 68.9 eV while in the C 1s spectrum of the BIBB-
APTES surface three components were fitted to the peak. These 
components indicate the presence of C ?H/C ?C (285.0eV), C ?
Br/C ?NCO carbons (286.4eV) and O=CN (288.0eV) carbon 
atoms. The POEGMA surface was similarly characterized (Fig. 1). 
Patterned polymer brush surfaces 
Patterned surfaces were fabricated by using IL. Exposure of 
NPPOC-Wd^ƚŽĂŶŝŶƚĞƌĨĞƌŽŐƌĂŵĨŽƌŵĞĚƵƐŝŶŐĂ>ůŽǇĚ ?ƐŵŝƌƌŽƌ
interferometer in conjunction with a Coherent Innova 300C 
frequency-doubled argon ion laser emitting at 244 nm caused 
selective removal of the NPPOC protecting group. For the work 
described here, a double-exposure process was used, in which 
the sample was rotated through 90° between exposures. 
Deprotected regions of the sample were derivatised with Br 
initiators for ATRP by reaction with BiBB. 
Fluorescence correlation spectroscopy 
A Carl Zeiss Axiovert 200M microscope with an inverted stage 
connected to an FCS (ConfoCor2) module was used for all FCS 
measurements, which were performed in an air-conditioned 
room at 18°C. The objective used was a C-Apochromat water 
immersion lens with a magnification of 40 u and a numerical 
aperture of 1.2. A HeNe laser was used to excite the sample at 
543 nm. An HFT 543 dichroic beamsplitter was used. A BP 560-
615 band pass filter was used to select only photons with 
wavelengths between 560 nm and 615 nm to be counted. The 
FCS is equipped with a neutral density filter to limit 
photobleaching, but the laser power was kept low enough so 
the signal remained constant. The fluorescent tag used was 
Rhodamine B (RhB), which has an absorption peak at 540 nm 
and an emission peak at 565 nm. The RhB was pre-attached to 
one end of poly(ethylene glycol) with a methyl group at the 
other end (mass average molar mass, Mw of 1, 5, 20 and 40 kDa 
and dispersities less than 1.10 as stated by the manufacturer) 
and purchased from Nanocs (New York) and used as supplied. 
RhB used for calibration was purchased from Sigma-Aldrich for 
calibration purposes. Coverslips were obtained from Fisher-
Scientific. 
Calibration. The set-up was calibrated using a solution of free RhB. A 
solution of RhB in milliQ water was diluted to 10 ?8 mol L ?1 and 1 mL 
was placed on a coverslip within a silicone isolator. A second 
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coverslip was then mounted onto the isolator. 100 µL of milliQ water 
was then placed on the objective lens and the coverslip was placed 
into the standard microscope mounting. A diffusion measurement 
was taken for 6 s and repeated 100 times. The resulting 
autocorrelation data were averaged and then fitted to obtain a 
diffusion time for RhB through the confocal volume. The diffusion 
coefficient of RhB in water is (427 r 4) µm2s ?1 at 298.15 K.55, 56 This 
diffusion coefficient is substantially greater than the diffusion of the 
rhodamine-labelled polymer in solution, and so it was possible to 
confirm the absence of loose dye in the solution. 
Surface diffusion. The concentration of dye molecules was tuned to 
10 ?8 mol L ?1 and 100 L of the solution placed upon the objective lens. 
The surface was located by a optimizing a height scan to maximize 
intensity. For each surface, measurements of each polymer were 
taken consecutively. Measurements of 3 s were repeated 100 times 
for a total acquisition time of 5 min. Data were fitted to the 
autocorrelation function, 
   
(1)
 
using a Levenberg-Marquardt algorithm in the software ProFit 6 
(QuantumSoft, Switzerland) as described previously.7 The diffusion 
times in both two (W2 and W3) and three dimensions (W1) was extracted 
from these data, along with the fractional surface coverages (f2 and 
f3) and the number of molecules in the confocal volume, n. The 
subscripts 2 and 3 indicate two discrete surface diffusion 
components. The parameter S2 is a pre-calibrated instrumental 
parameter describing the shape of the confocal volume and G3(W) is 
the autocorrelation function for the triplet decay. A good 
optimization of the surface intensity generally resulted in a very small 
contribution from bulk (i.e. three-dimensional) diffusion. The error 
associated with each diffusion time is related to the standard error 
from the fitting of the correlation curves and the uncertainty from 
the determination of the FCS beam size. The error associated with 
the proportion of each component is the standard error from the 
fitting of the raw correlation curves. It is possible for the FCS to 
detect asymmetry in the surface diffusion,7 but such effects were not 
observed in this work and eqn (1) was always suitable for fitting the 
data. 
Results and discussion 
Fabrication of arrays of wells 
The process used to fabricate arrays of sub-micrometre scale 
wells is shown schematically in Fig. 2 ?  >ůŽǇĚ ?Ɛ ŵŝƌƌŽƌ
interferometer was used to pattern films formed by the 
adsorption of 2-nitrophenylpropyloxycarbonyl-protected (3-
aminopropyl)triethoxysilane (NPPOC-APTES) on glass 
substrates (Fig 2a). The interferogram consisted of alternating 
bands of constructive and destructive interference (high and 
low intensity, respectively) with a pitch of O/2sinT, where O is 
the wavelength used and 2T is the angle between the 
interfering beams of light. In regions that were exposed to 
maxima in the interferogram, the NPPOC protecting group was 
removed, exposing the amine group of APTES and enabling 
subsequent derivatization by reaction with BiBB. Polymer 
nanostructures were grown by ATRP from the resulting initiator 
nanopatterns. 
 
Fig. 3. (a,b) Scanning force microscopy topographical images of two sets of POEGMA 
nanostructures formed using IL in combination with ATRP. The polymerization times 
used were different (5 and 50 min), but all other conditions were identical for the same 
samples. (c,d) Variation in the polymer feature width and height, respectively, as a 
function of the polymerization time for a fixed set of exposure conditions in the 
interferometer 
The dimensions of the nanostructures were adjusted by varying 
the UV dose (the larger the dose the greater the width of the 
deprotected region); the angle between the interfering beams 
of light (which causes a change in the pitch of the 
interferogram); and the polymerization time. Fig. 3a,b shows 
scanning force microscopy images of POEGMA nanostructures 
formed with a pitch of a1.7 Pm. The exposure conditions in the 
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interferometer were identical but the polymerization time was 
varied. On visual inspection, the pitch of the structures and the 
widths of the polymer regions appear to be similar.  Fig. 3d 
shows the widths of the polymer nanostructures as a function 
of the polymerization time. It can be seen that there is little 
change for polymerization times of 10 min and greater. 
However, the polymer height (measured from line sections 
through topographical images) increases monotonically as a 
function of the polymerization time (Fig. 3c), confirming that in 
these nanostructured materials ATRP is well controlled. 
A double exposure process was used to make arrays of wells. 
The sample was rotated through an angle of 90° between 
exposures for all of the samples used in the present study. After 
derivatization with Br initiators and ATRP a pattern of 
intersecting lines of polymer was produced, thus creating a grid 
of approximately square polymer-free regions in which the 
NPPOC protecting groups remained intact at the surface. Fig. 4 
shows three different arrays of wells, formed with periods of 
760 nm, 400 nm and 200 nm. It is clear that the wells are well-
defined in all cases. The well size is typically a45% of the period 
in the interferogram. Well sizes in the range 100  ? 600 nm were 
used in the present study. The surfaces created for this work are 
tabulated in the ESI. 
 
Fig. 4. (a-c) Arrays of wells formed by using interferometric lithography in combination 
with ATRP of POEGMA. (d) Schematic diagram showing the dimensions of the well 
structures and the parameters used to describe them 
Diffusion coefficients 
Control measurements demonstrate that the PEG diffused on 
unmodified NPPOC-APTES films at between 6 and 8 µm2s ?1, 
depending upon the molar mass of the polymer used. The diffusion 
coefficient of 20 kDa rhodamine 6G-terminated PEG on gold was 
measured9 to be 11.7 µm2s ?1 which is in good agreement given the 
water contact angle of gold57, 58 of ~70° is the same as that measured 
on NPPOC as part of this study, and which is also in agreement with 
earlier work.53 Given that rhodamine B is a relatively hydrophilic 
dye,59 it is also unlikely that it is causing any unwanted adhesive 
interactions with these surfaces. 
By contrast, the diffusion of PEG in the POEGMA brush was seen to 
proceed with a diffusion coefficient of between 15 and 20 µm2s ?1, 
again dependent upon the molar mass of the PEG. It is known that 
PEG does not (measurably) diffuse on PEG surfaces60 but that 
diffusion within the brush is possible. Experiments have shown that 
20 kDa PEG diffuses within 20 kDa brushes with diffusion coefficients 
of between 1.1 and 9.5 µm2s ?1 depending on the grafting density.9 
This informs the conclusion that the PEG here is diffusing in rather 
than on the POEGMA surface. 
Quantifying the diffusion of PEG on IL-patterned surfaces is non-
trivial because of the two-component structure of the surface. Had 
the brush component been negligibly narrow, then the area of the 
patterns, or the associated length scale would be sufficient. 
However, in this case the brush layer has a finite volume. The length 
of the internal perimeter of the brush structures, wp, provides one 
means to quantify the change in morphology of the patterned brush 
structure. In addition, the focal diameter, W, from the FCS 
experiments can be related to the width of the well, 2L (Fig. 4d), to 
yield a confinement parameter, Xc2, defined by45 
.
              
(2)
 
The confinement parameter was designed to address the problem 
that the number of structures contained within the focal area is ill-
defined, due to an imprecise location of the confocal volume. By 
varying W, some control over confinement could be obtained, 
allowing different models to be tested. In the present case, L was 
varied. The errors associated with the confinement parameter are a 
combination of the uncertainty in the measurement of the size of the 
polymeric grids and the standard error obtained when determining 
the size of the FCS beam waist. 
In the case of these patterned surfaces, three diffusion modes were 
observed. These corresponded to diffusion in the bulk, on the 
surface, and a third very slow surface diffusion mode was also 
observed in all samples and across all molar masses of PEG. Fig. 5 
shows normalised correlation curves obtained from the diffusion of 
1 kDa PEG on the patterned surfaces and all of the diffusion 
coefficients corresponding to these confined systems are plotted as 
a function of confinement parameter in Fig. 6. The validity of adding 
the third diffusion mode (second surface mode) was confirmed 
through the use of a statistical F-test. The bulk diffusion is unaffected 
by the increase in confinement parameter, primarily with the same 
proportion of molecules diffusing independently of confinement 
parameter. The first, faster surface diffusion mode, appears to relate 
to a consistent diffusion time across the range of confinement 
parameters. The slower surface mode becomes more prominent 
with an increase in the confinement parameter, yet the diffusion 
times also remain constant across the range observed. The ratio 
describing the proportions of the fast and slow diffusion modes 
changes with confinement parameter, with the slower mode 
becoming more prominent with increasing Xc2 (Fig. 7). 
X
c
2
=
p W
2
4L2
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Fig. 5. Normalized correlation curves and fits to eqn (1) showing the diffusion of 1 kDa 
PEG chains on three different patterned polymeric grid surfaces, with respect to the 
confinement parameter that defines each surface. The curves show both the diffusion of 
PEG in the water above the surface and diffusion upon it. The bulk component is 
unaffected by the differing patterns upon the surface, with the introduction of a second 
mode of diffusion, whose proportion increases as the confinement parameter increases. 
This can be seen as an overall slowing of diffusion as the well size decreases 
Once the raw curves were fitted it was possible to extract 
information such as the diffusion times of each mode and the 
proportion of molecules associated with each mode. Molecules from 
each regime were not necessarily fixed in their behaviour; for 
example, molecules in the bulk may adsorb on the surface and then 
spend some time in either of the two surface modes, perhaps even 
transforming between the two, before returning to the bulk. 
Fig. 6 shows fitted values for the diffusion coefficients for the four 
PEG samples, with the 1 kDa data highlighted in Fig. 6a to show error 
bars. The bulk data are consistent with previously published results.3, 
38 The fast mode is essentially the same as that for diffusion on the 
NPPOC-terminated surface. The diffusion coefficient is dependent on 
molar mass but there is no dependence on the degree of 
confinement. The slow surface diffusion is similar in magnitude to 
that of the diffusion of single tracer molecules through a polymer 
brush,61 but polymer diffusion within the brush is rather similar to 
that in the equivalent semi-dilute solution9 and is not retarded. 
However, the slow diffusion indicates that the polymer is interacting 
with the barriers that these brushes present. 
Confinement 
The proportions of molecules exhibiting each mode of diffusion 
changes with increasing Xc2 within the range observed as shown in 
Fig. 5. As Xc2 increases, the proportion of molecules exhibiting the 
slow surface diffusion mode increases until a threshold is met, above 
which it is independent of Xc2. This threshold is met for smaller Xc2 
for larger PEG, and also the fraction of molecules at this threshold 
increases with molar mass, although the two largest PEG samples 
studied have the same concentration at threshold (~40%). The 
fraction of molecules on the surface diffusing in this slow mode was 
fitted with an empirical function given by 
          
(3)
 
where A, B, and C are fitting parameters. These fits are generally very 
good and are shown in Fig. 7a, and the results obtained are included 
in the ESI. For small values of Xc2 the fitted parameters indicate that 
there would be a significant non-zero fraction of molecules 
undergoing diffusion in the slow surface mode on non-patterned, 
homogeneous NPPOC-protected surfaces. This was not observed in 
experiments on these surfaces. It was not possible to obtain good fits 
by forcing f(Xc2 = 0) = 0. 
 
Fig. 6. (a) Diffusion coefficients of 1 kDa PEG molecules on a patterned polymeric grid 
surface plotted with respect to the confinement parameter Xc2. Three separate diffusion 
coefficients are observed, corresponding to three modes of diffusion. Errors in diffusion 
coefficient are plotted but are very small in comparison to the size of their marker. (b) 
As in (a), but for the other three polymers used in this study. Here error bars are not 
shown. The bulk diffusion coefficients extracted from these data for the different PEG 
samples in order of increasing molar mass are: 123 ± 4, 93 ± 3, 73.1 ± 1.5, and 64 ± 2 
µm2/s 
In Fig. 7b the proportion of PEG diffusing in the slow mode is shown 
as a function of well perimeter observable within the FCS confocal 
area. The value for this parameter is reached by treating each well as 
a discrete point on a square lattice, and then applying the logic used 
in the solution to the Gauss circle problem to get an average number 
of wells and an associated uncertainty. Formally, the Gauss circle 
problem is appropriate when there is a large number of lattice points, 
but the solution provided here still gives a good estimate for the 
amount of interface that will be present. These curves are sharper 
than those plotted as a function of Xc2, which indicates that the 
transition from normal to confined motion can be considered due to 
the amount of interface. (The significance of wp | 0.7 µm as the 
transition point is not clear, however.) Furthermore, fits to eqn (3) 
pass through the origin, which is not shown in Fig. 7b. The curves are 
also more clustered because the confinement transition is localized 
around the same point, although the width of this transition 
increases with molar mass. 
There has been very little work describing the effect of 
nanoconfinement on surface diffusion, although topographically-
structured surfaces have been shown to influence surface diffusion, 
f =
A
2
1+erf BX
c
2
- C( )( )
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with larger structures (greater confinement) introducing subdiffusive 
behaviour.8 
 
Fig. 7. The percentage of surface diffusion of PEG that is in the slow surface diffusion 
mode presented in terms of (a) the confinement parameter and (b) well perimeter. Solid 
lines are fits to eqn (3) 
Microdomains 
It has been shown from FCS measurements at different spatial scales 
that different models of confinement could be distinguished.45 These 
models are significant because, on short timescales, the polymer 
undergoes Brownian motion. However, on longer timescales it 
interacts with the surrounding walls, which confine the polymer and 
limit its diffusion. On long timescales the polymer can escape the well 
in which it was confined, and so the diffusional behaviour can be 
considered to be similar to Brownian motion, although it occurred as 
a sequence of hops. Confinement can also act as a proxy for 
timescales. The more confined the structure is, the shorter the time 
at which the polymer takes to hop from one structure to another. 
The average (surface) diffusion time (Wa = fW2 + (1  ? f)W3) plotted as a 
function of confinement parameter can be used to reveal 
information on how the polymer interacts with the structure 
confining it. These plots are shown in Fig. 8 and, following previous 
work,45 two regions have been delimited for 2 < Xc2 < 10 and Xc2 > 10. 
In the former case, the intercept of the extrapolated data is with a 
negative Wa, which indicates that the polymer is trapped in a mesh 
structure. For the latter more confined case, the diffusing polymer 
experiences a series of isolated microdomains. 
When Xc2 > 2, the laser spot is larger than the patterned structure. 
The confinement parameter here is a proxy for the beam spot area, 
and if this were to be extrapolated to the origin the diffusion would 
be expected to be Brownian. The negative intercept shown for 2 < 
Xc2 < 10 reflects the significant effect of the barriers in the diffusion 
process; increasing Xc2 is akin to decreasing the time required for the 
polymer to hop out of one structure and into another. The negative 
intercept therefore reflects the fact that a polymer may take p1 steps 
to reach a distance of d1, representing the edge of the structure. If 
that distance d is decreased to d2, the number of steps to reach the 
edge, p2 < p1(d2/d1)2 because the polymer is proportionally more 
likely to be closer to the edge of the structure to begin with in a more 
confined system. 
For heavily confined systems, the effect of confinement is 
determined more by the time taken to hop from one structure to 
another than by the simple step time. In this case, a positive Wa 
intercept is observed. 
Partition confinement 
In the work described here, the PEG was not retained within the 
structures and was free to diffuse into the surrounding solution, 
which is contrary to the case of biological systems whereby virtually 
all molecules remain within the confining structure. Nevertheless, 
the slow surface mode was brought about by an interaction with the 
brush and is perhaps more closely linked with the mechanism that 
caƵƐĞƐŚŽƉĚŝĨĨƵƐŝŽŶŝŶƚŚĞĐĞůůŵĞŵďƌĂŶĞ ?dŚĞW' ?ŚŽƉƐ ?ĨƌŽŵǁĞůů
to well with some interaction confining polymers to a well for a 
certain period. 
In the cell membrane, almost all membrane molecules are confined 
by the partitions. Larger molecules are affected more strongly, but 
even lipids are affected, with the vast majority of lipids exhibiting 
noticeably slower diffusion coefficients than in artificial 
membranes.62-70 In the present work, a maximum of 45% of surface 
diffusion is in the slower mode (as taken from fitted values of 40 kDa 
PEG treated in terms of well perimeter). This is a significant 
proportion of polymers undergoing surface diffusion in the corrals. It 
has been suggested elsewhere21, 71-73 that protein-protein and 
protein-lipid interactions primarily lead to the partitioning 
behaviour. It was shown here that confined behaviour (through a 
new slow diffusion mode) can be produced without the need for 
these more complex interactions. This does not imply that protein-
protein and protein-lipid interactions are not important in diffusion 
within the cell membrane. Simply having a nanoscale structure 
induces anomalous diffusion behaviour. 
Conclusions 
The surface diffusion of PEG within POEGMA confining walls has 
been shown to introduce a slow surface mode that is 
unconnected with either of the individual surfaces from which 
the structure is composed. FCS measurements of the diffusion 
reveal three modes of PEG diffusion, comprising a bulk 
diffusion, a diffusion on the interior (NPPOC-protected) surface 
of the patterned structures, and a slow confined diffusion that 
appears to result from the pattern constraining the PEG. This 
slow diffusion represents confined behaviour and is solely a 
structural parameter. The POEGMA brush confining structure 
and the NPPOC-coated surface contain no specific interactions 
ARTICLE Nanoscale 
8 | Nanoscale., 2019, 00, 1-3 This journal is © The Royal Society of Chemistry 2019 
Please do not adjust margins 
Please do not adjust margins 
such as those involved in the cell membrane, but still have a 
significant effect polymer motion. 
 
Fig. 8. The diffusion time as a function of the confinement parameter. When Xc2 > 2, the 
laser spot is larger than the patterned structure and the data are presented as green 
diamonds. The black lines are fits to the data for Xc2 > 10. The data correspond to 
diffusing PEG with molar mass 1 kDa (a), 5 kDa (b), 20 kDa (c), and 40 kDa (d) 
Furthermore, the work shows how using methods developed 
for cell biology studies, some understanding of synthetic 
structures can be obtained. FCS is limited by the size of its beam, 
but by varying the size of the structure created using 
interferometric lithography some understanding of the 
diffusion of PEG within these structures was obtained, and also 
some understanding of the structures themselves as 
experienced by the diffusing molecule. In the present work, it is 
shown that heavily confined structures are presented as similar 
to isolated microdomains, whereas less confined architectures 
are considered an ordered mesh-like structure. 
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